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Our knowledge of protein-protein interactions comes primarily from experimentation with
reconstituted proteins in dilute solutions. However, dilute solutions are poor approximations of
the intracellular microenvironment, which contains exquisite and dynamic structure that is
impossible to recreate inside test tubes. New approaches are needed that will allow the in situ
characterization of protein-protein interactions inside living, intact cells. In this paper, we discuss
recent efforts to measure the kinetics of protein binding within complexes inside living cells.
While the experimental effort in these studies requires the confluence of techniques ranging
from molecular imaging to cell and molecular biology, the experimental design and analysis
requires a strong background in chemical kinetics and transport phenomena. Thus, we argue
that chemical engineers can play a central role in furthering in situ approaches to cellular analysis.
Such efforts may aid significantly in advancing quantitative knowledge of cellular signaling
and physiology.

Introduction
The majority of proteins inside living cells function by
transiently binding to other species to form multimolecular
complexes (1). These complexes are labile and are in a state of
constant, dynamic assembly and disassembly. Unfortunately,
current knowledge of protein-protein binding comes from
experiments that involve the destruction of cells, the purification
of the macromolecule of interest, and subsequent analysis by
biochemical methods. Disrupting the cell and centrifuging its
contents inevitably destroys supramolecular complexes. In
addition, the assembly of such complexes is spatially and
temporally regulated inside living cells. As a result, information
gathered from in vitro studies are poor approximations of in
situ behavior (2). New approaches are therefore needed that
would allow the unambiguous measurement of protein function
inside living cells.
In the past decade, remarkable strides have been made in
visualizing macromolecules of interest inside living cells. These
advances have been enabled in part due to the facile “marking”
of the target macromolecule with a fluorescent tag. The
fluorescent tag commonly used is the green fluorescent protein
(GFP) (3), a protein isolated from the jellyfish Aequorea
Victoria. The GFP gene can be fused to any gene of interest
using standard molecular biology techniques, and the resulting
chimeric fusion protein can be expressed inside mammalian
cells. The remarkable finding is that with few exceptions, GFP
retains its fluorescence in the chimeric fusion protein, and the
target macromolecule retains its function. As a result, it becomes
possible to visualize any protein of interest inside living cells
using videofluorescence microscopy (as opposed to more
traditional immunolabeling of proteins that cannot be done inside
a live cell).
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Given that protein function inside cells involves transient
binding interactions with their partners, the measurement of rate
constants that characterize these interactions is of primary
importance. In the perfect scenario, quantitative methods that
can measure mechanisms and rates of (1) macromolecular
transport, (2) macromolecular binding and dissociation, and (3)
enzymatic activity inside the living cellular microenvironment
are needed. Knowledge of these parameters and comparison with
similar parameters measured in vitro may allow increased and
unique insight into protein behavior. Additionally, these parameters would also represent a crucial (and as yet missing)
input into systems-biology models of intracellular signaling.
The fluorescence recovery after photo bleaching (FRAP)
technique has been used over the past three decades to measure
the mobility of macromolecules. Originally developed for
measuring diffusion coefficients of macromolecules in solution
(4), this technique has been applied to a variety of problems
including diffusion of liposaccharides in bacterial membranes
(5), probe diffusion in gels (6) and tissues (7), macromolecular
diffusion inside living cells (8), transport in the endoplasmic
reticulum and Golgi (9), and nucleocytoplasmic transport (10).
In FRAP, a specific area of interest is exposed to a small spot
inside the cell with a short pulse of high-intensity irradiation at
the excitation wavelength of the fluorophore (Figure 1A). This
exposure irreversibly photobleaches the fluorophore without
disrupting the function of the target molecule (11), so that the
target molecule while physically present is optically invisible
(such laser irradiation can have potential negative effects such
as phototoxicity (12) and photodamage (13); it is very important
to calibrate the laser intensity and exposure time before
interpreting experiments). Fluorescence recovery occurs in the
photobleached spot owing to diffusion of fluorescently tagged
target molecules from outside into the spot. Recording the timedependent increase in the fluorescence intensity in the bleached
spot (Figures 2and 3) and combining this measurement with
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Figure 1. Schematic of the FRAP experiment and molecular model of recovery. (A) Fluorescent molecules in the nucleus are bleached at a
predefined spot (black square) using a high-energy laser pulse. Time-dependent recovery occurs in the square due to interplay between molecular
transport and binding (denoted by arrows in subsequent frames). (B) Before photobleaching, the bound molecules are in equilibrium with the free
molecules. (C) After photobleaching, diffusion of fluorescent molecules (gray circles) occurs into the spot, followed by (D) subsequent exchange
with photobleached bound molecules (black circles).

there has been considerable interest in understanding binding
interactions of chromatin with proteins inside the living nucleus.
These include using FRAP to quantify the kinetics of nuclear
receptor-chromatin and transcription factor-chromatin binding
(16-27), histone-chromatin binding (28-32), protein-nuclear
matrix interactions (33, 34), the assembly of transcriptional
machinery (35), and the assembly of nuclear pore complexes
in vivo (36). More recently, similar methods have been applied
to study the assembly of cell-substrate adhesions (37-40). With
such studies has come the recognition that the extraction of
molecular binding kinetics from FRAP experiments requires the
correct identification of the rate-limiting step during fluorescence
recovery. The problem is essentially of modeling the coupling
between transport and reaction, which has long been the special
expertise of chemical engineers. In this paper, we will discuss
mathematical models used for interpreting these experiments,
the experimental design, and resulting insight into cellular
function in the context of two problems: (1) cell-substrate
adhesion and (2) DNA-protein interactions.

Linearity in FRAP models

Figure 2. FRAP recovery of GFP-Histone H1 is insensitive to spot
size. (A) Fluorescence confocal microscopic images recorded during
FRAP analysis of NIH 3T3 cells expressing GFP-histone H1 in which
small (top; 16 µm2) or large (bottom; 125 µm2) areas of the nucleus
were photobleached (bar, 4 µm). (B) Recovery curve corresponding to
the data in panel A normalized for differences in total fluorescence
recovery, such that the fluorescence intensity in the bleached spot is
zero immediately after laser exposure and 1 after complete recovery.
Note that this time-dependent recovery is similar for the small (O) and
large (4) spot sizes. (Modified with permission from ref 29; copyright
2006 by Wiley-Liss, Inc.)

mathematical models of diffusion will yield the diffusion
coefficient of the chimeric protein.
If a considerable fraction of target molecules in the bleached
spot are reversibly bound (either to structures or binding
partners), then the recovery curve can yield the binding and
dissociation rate constants describing protein-protein interactions inside a living cell (Figure 1B). While this tantalizing
prospect was anticipated more than a decade ago (14, 15), there
has been a recent explosion of activity in this area. In particular,

Protein residence times in supramolecular complexes are
typically smaller that the overall time scales of supramolecular
complex assembly and disassembly. Over the time scale of the
FRAP experiment, the structure can be assumed to be at local
equilibrium (28). In FRAP, only the fluorescent tag is disrupted;
the target molecule remains untouched. The total concentration
of the target species always remains constant throughout the
FRAP experiment, and only the fluorescence intensity of the
marker changes. As a result, the mathematical model for the
recovery process should be formulated in a manner that ensures
that the concentrations of both the fluorescent and photobleached
molecules at any time during the recovery process add up to
the initial steady-state concentration of fluorescent species.
In general, the above constraint will lead to linear kinetic
terms in the model equations. To see this, consider a fluorescent
species disappearing with an arbitrary nonlinear reaction rate
r(C0) where C0 is the equilibrium concentration before the
photobleaching process. After photobleaching, two species are
created, CF (fluorescent) and CP (photobleached). As these two
species are absolutely similar except that CP is optically invisible,
the reaction rate at which CF disappears in the photobleached
spot is a fraction of the original reaction rate and is given by
CF/(CF + CP) r(C0) ) CF/C0 r(C0). This is linear in CF. The
corresponding rate of disappearance of CP is CP/C0 r(C0). The
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Figure 3. Tension accelerates recovery of a focal adhesion protein. (A) Confocal fluorescence micrograph of a single capillary endothelial cell
expressing zyxin. Zyxin decorates stress fibers (arrow) that terminate into adhesions (arrowhead). Scale bar is 10 µm. (B) A representative FRAP
experiment with GFP-zyxin inside a single focal adhesion (inset), in which a ∼0.5 µm2 area was bleached (white arrow) and subsequent timedependent fluorescence recovery recorded by capturing confocal fluorescence images (bar ) 1 µm). (C) Dependence of zyxin exchange dynamics
on intracellular tension. The curves show time-dependent recovery of fluorescence intensity for GFP-zyxin in control cells (O) versus cells in which
tension was dissipated by treating cells with Y27632 (1); solid lines are curve-fits to 1 - e-kOFFt using the method of least-squares to estimate kOFF.
(Modified with permission from ref 37, copyright 2006 by Wiley-Liss, Inc.)

two rates will add up to the equilibrium reaction rate of r(C0),
which is to be expected since the net reaction rate is unchanged
during the experiment. In general, the kinetic terms in FRAP
models will be linear (assuming the structure is at steady state
before the bleach).

FRAP Model for Macromolecular Binding to Nuclear
Structure
There is considerable interest in measuring the rate constants
describing binding and dissociation of nuclear proteins to
chromatin. Many nuclear proteins have a diffuse staining inside
the nucleus (i.e., no localization to specific binding sites) where
it is not possible to distinguish between bound and free
concentrations. In addition, binding sites are frequently distributed uniformly throughout the nucleus. As a result, FRAP
experiments with nuclear proteins that have diffuse staining are
typically modeled as having a uniform distribution of binding
sites throughout the domain. This is analogous to models of
supported catalysts where free molecules diffuse in the interstices of the catalyst, while binding to random oriented catalytic
scaffolds. Denoting free nuclear molecules by A and available
binding sites by S, then the binding reaction can be written as

A + S T AS

(1)

where AS denotes bound molecules of A. Without making the
distinction between bleached or fluorescent species, the governing equations for protein transport on the domain Ω (e.g,. the
entire nucleus) are

∂C
) D∇2C - kONCS(Ĉ) + kOFF Ĉ
∂t

(2)

∂Ĉ
) kONCS(Ĉ) - kOFFĈ
∂t

(3)

along with ∇C‚n ) 0 on the boundary ∂Ω (i.e., on the nuclear
boundary), which signifies that there is no flux of molecules
outside the domain on the time scale of the FRAP experiment.
The bound species is assumed to not diffuse, although this may
not be true for some complexes (such as the ribonucleoprotein

complex (41)). C is the concentration of free species, Ĉ is the
concentration of bound species. kON and kOFF are the rate
constants for binding and dissociation, respectively. The function
S(Ĉ) is the fractional availability of binding sites and will in
general depend nonlinearly on Ĉ. One study assumed S(Ĉ) ) 1
- Ĉ/Ĉ0, where C̃0 is the theoretical concentration of bound
proteins if all binding sites were occupied (28). At steady state,

C ) C0;

Ĉ0 )

kONC0C̃0
C0C̃0
)
kONC0 + kOFFC̃0 C0 + KC̃0

(4)

where C0 and Ĉ0 are the concentrations of the free and
equilibrated bound protein at steady state and K ) kOFF/kON is
the equilibrium constant. Equation 4 can be rearranged to yield

Ĉ0
γ
)
;
C̃0 γ + K

Ĉ0
1
)
C0 γ + K

(5)

where γ ≡ C0/C̃0. Let the concentration of photobleached free
species be CP and of fluorescent free species be CF; similarly
that of the bound species be ĈP and ĈF. CP + CF ) C0 and ĈP
+ ĈF ) Ĉ0 are valid throughout the domain, i.e., no gradients
exist in the total concentration. The equations describing the
recovery of fluorescent proteins in the photobleached spot are

( )
( )

Ĉ0
∂CF
) D∇2CF - kONCF 1 + kOFFĈF
∂t
C̃0

(6)

Ĉ0
∂ĈF
- kOFFĈF
) kONCF 1 ∂t
C̃0

(7)

As the bound species has equilibrated with the free species
before being photobleached, the number of available binding
sites is a constant as embodied by the (1 - Ĉ0/Ĉ0) term.
Equations 6 and 7 are uncoupled from equations describing the
photobleached concentration (the boundary conditions are
uncoupled as well) and are linear; the bleached and fluorescent
species concentrations can be solved for independently.
The time scale of recovery, τR, will depend on the interplay
between binding, dissociation, and diffusion. The situation where

D

kON is vanishingly small (i.e., K . 1) is ignored, because then
Ĉ0 f 0 (see eq 5). Similarly, the case where C̃0 , C0 (i.e., γ
. 1) is ignored, because the contribution to the recovery curve
by the bound species is negligible. As a result, cases where γ
+ K . 1 are ignored in the analysis.
The photobleached spot is assumed to be circular with a radius
RR where R is the radius of the entire (circular) domain. We
define the following dimensionless variables: ξ ) r/RR, cF )
CF/C0, τD ≡ (RR)2/D, and ĉF ) ĈF/Ĉ0. The equations become

∂cF
Da
) ∇2cF (c - ĉF)
∂τ
γ+K F

(8)

∂ĉF
) Da(cF - ĉF)
∂τ

(9)

where∇2 is the cylindrical Laplacian operator. Da ≡ kOFF(RR)2/D
is the Damköhler number and is the ratio of the characteristic
time scale of diffusion to that of binding.
Two limiting cases for recovery are possible. If Da/γ + K
. 1, over the time that ∇2c ∼ 1, c - cF ∼ γ + K/Da. Thus,
∂c/∂τ ≈ ∂ĉ/∂τ, and combining eqs 8 and 9

∂cF

(1 + γ +1 K) ∂τ ) ∇ c
2

(10)

F

From eq 10, the time scale for recovery τR is

τR )

(γ +1 K + 1)τ ) (γ +1 K + 1) RDR

2 2

D

(11)

If Da/γ + K , 1, there are two time scales involved: τD
over which ∂cF/∂τ ) ∇2cF - Da/γ + K (cF - ĉF) ∼ ∇2cF, and
τOFF over which cF ∼ constant and 1/Da ∂ĉF/∂τ ) ∂ĉF/kOFF∂t )
cF - ĉF ) constant - ĉF. Thus

τR ) τOFF )

1
kOFF

(12)

Application of FRAP to Characterizing
Macromolecular Interactions inside Living Cells
The mathematical model above and the scaling analysis
suggest simple experiments to determine the rate-limiting step
in experiments. We now discuss two recently published experimental studies (29, 37) to measure rate constants of macromolecular binding inside living cells.

Histone H1-Chromatin Interaction
The packaging of ∼2 m of DNA into the nucleus of human
cells is enabled by the nucleosome, which is formed by the
wrapping of DNA around a nucleosomal core consisting of an
octamer complex with two molecules each of histones H2A,
H2B, H3, and H4 (42, 43). This forms a chromatin structure
that appears as “beads on a string” when viewed in an electron
microscope (44). Histone H1 binds to 23 base pairs of DNA
that extend out from this nucleosomal core (45). The binding
of histone H1 to chromatin allows further folding of nucleosomal
strings into more condensed chromatin structures. This folding
causes transcriptional repression, and there is evidence to suggest
that the dissociation of histone H1 from chromatin could lead
to activation of gene transcription (46). Binding of histone H1
to DNA has been characterized in vitro (47); however, the
relevance of these results for its binding to DNA within intact
chromatin remains unclear.

GFP-histone H1.1 is uniformly distributed in the nucleus
without any clear concentration at clusters, as is evident from
confocal fluorescence images of living nuclei (Figure 2). Other
histones are also found to have a similar nuclear distribution,
with no visible accumulation at binding clusters inside nuclei
(31). This is probably due to the fact that the binding sites for
histones (chromatin) are distributed uniformly throughout the
nucleus. In addition, histone transport between the nucleus to
the cytoplasm is negligible over FRAP time scales, suggesting
the no-flux boundary condition.
Equation 11 suggests that if diffusion was rate-limiting, the
recovery time during FRAP would increase quadratically with
the spot size. When FRAP experiments with varying spot sizes
in living NIH3T3 cells expressing EGFP-histone H1 were
carried out (29), the recovery time was insensitive to the size
of the spot (Figure 2). Diffusion is therefore not rate-limiting;
this is supported by studies with a mutant GFP histone H1.1
that cannot bind to chromatin and was found to have very high
diffusion coefficient (48, 49). Thus, eq 12 suggests that the
observed recovery for EGFP-histone H1 is determined by its
dissociation rate constant. On fitting the normalized recovery
curve to 1 - e-kOFFt yields a dissociation rate constant of 0.0131
/s for GFP histone H1.1 (29) inside living nuclei.
The dissociation of linker histones from chromatin is regulated
to activate gene transcription (46). Serine phosphorylation of
Histone H1 can regulate gene transcription in Tetrahymena.
Interestingly, FRAP experiments suggest that the phosphorylation state of histone H1.1 controls its dissociation rate from
chromatin, suggesting that the regulation of kinetics may be
central to histone H1 function (50). Additionally, histone binding
to HP1 during heterochromatin formation (51) could play a
central role in stabilizing condensed chromatin structures. If all
of these interactions are biologically significant, we might expect
local alterations in histone H1 binding and unbinding rates that
could, with appropriate biological manipulations, be probed with
the methods discussed here.
The dissociation rate constant reported above is an effective
rate constant that arises from multiple transient interactions
between histone H1.1 and its binding partners. A central
challenge for the future is the development of a rational approach
that allows the inference of the kinetics of pairwise interactions
from these “effective” kinetic measurements. One possibility
is to combine FRAP with RNAi to eliminate binding partners
or mutagenesis to interfere with individual binding interactions.
This would help quantify the effect of individual interactions
systematically on the effective dissociation rate constants by
inputting data into an appropriate microscopic kinetic model.
If successful, such an approach would yield invaluable information on how interactions between specific protein pairs are
regulated inside living cells.
Separately, binding interactions between histone H1.1 and
proteins such as the barrier-to-autointegration factor (BAF) have
been demonstrated in vitro (52); however, the strength of this
binding in situ is unknown. The above approach of measuring
pairwise binding interactions may also serve as a quantitative
tool for the systematic discovery of binding interactions (and
their kinetics) in situ. This is important given that the number
of interactions identified for proteins in vitro frequently ranges
in the hundreds, whereas pure steric hindrances dictate that a
given molecule may bind to only a few (four or five) other
species simultaneously.
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Protein-Protein Interactions in Cell-Substrate
Adhesion
Anchorage-dependent cells attach to solid substrates at
discrete sites called focal adhesions. Focal adhesions are formed
when transmembrane receptors called integrins ligate to extracellular matrix (ECM) molecules such as fibronectin. Ligation
and clustering of integrins results in a cascade of events that
includes the recruitment of a large number of proteins including
molecules that couple integrins to the cytoskeleton (e.g.,
R-actinin, talin), kinases and phosphatases that act on substrates
in the adhesion complex (e.g., focal adhesion kinase), and
adaptor molecules that allows multiple substrates to “dock” in
adhesions through binding interactions (e.g., paxillin) (53).
Mechanical forces generated in the actin cytoskeleton are
transmitted through integrins to the ECM. Thus, the focal
adhesion provides a path for mechanical force transfer from the
inside of the cell onto the underlying substrate. This forms the
basis for cell spreading, cell shape, and cell motility.
Focal adhesion assembly is regulated by tensile forces exerted
by bundles of actin filaments called stress fibers that anchor
into adhesions (Figure 3A). In stationary cells, cell-substrate
adhesion size correlates directly with the level of traction force
that is exerted on the substrate at these sites (54). When
cytoskeletal tension is dissipated by inhibiting actomyosin
contractility, adhesions disassemble (53). Additionally, mechanical force can directly cause adhesion assembly (55, 56). This
dependence of focal adhesion size, protein localization, and
signaling on internal cytoskeletal prestress or external mechanical stress has led to the hypothesis that integrins act as
mechanoreceptors (57, 58) and that certain focal adhesion
proteins function as mechanosensors by altering their conformation and/or binding kinetics in response to stress (53, 59-61).
The mechanisms underlying force-dependent control of
adhesion assembly remain poorly understood, although several
models have been proposed. For example, force-dependent
changes of conformation of proteins may expose cryptic binding
sites and promote binding of molecules (62, 63). Stretching
detergent-insoluble cytoskeletons causes alterations in the
cytoskeletal binding affinities of several cytoplasmic proteins, including the focal adhesion molecules paxillin and FAK
(64).
Alternatively, mechanical forces could alter the binding
kinetics of individual molecules that assemble into focal
adhesions. A change in rate constants would alter the balance
between binding and unbinding rates, giving rise to net assembly
or disassembly of specific molecules from adhesions. To test
this hypothesis, FRAP experiments were recently carried out
in capillary endothelial cells expressing GFP-zyxin and GFPvinculin, two proteins that localize to focal adhesions (Figure
3B). In these experiments, the photobleached spot was confined
to the adhesion site and the bleaching was performed for very
short times (less than 1 ms), leading to minimal bleaching of
freely diffusing molecules. Also, owing to the small spot size
(less than 0.5 µm2), diffusion is expected to be rate-limiting
(37), which was confirmed by carrying out independent experiments in the cytoplasm. Finally, the pool of diffusing molecules
is in far excess of bound protein and hence is essentially
unperturbed by the recovery process. Therefore, the assumption
can be made that CF is constant (37, 38).
Under the specified imaging parameters, the FRAP experiment basically records the rate of exchange between bound
molecules and free molecules and can be described by the
differential equation dĈF/dt ) kONSCF - kOFFĈF with ĈF(0) )
RĈ0. Here, ĈF is the concentration of bound fluorescent protein,

CF is the concentration of freely diffusing protein, S is the
concentration of available binding sites, Ĉ0 ) kONSCF/kOFF is
the prebleach concentration in the focal adhesion, and R denotes
the fraction of fluorescent molecules that are not bleached in
the photobleached spot. Assuming that S, the binding site
concentration, is constant during the FRAP recovery, the
solution to the above differential equation is ĈF - RĈ0/Ĉ0 RĈ0 ) 1 - e-kOFFt. Thus, time scales of fluorescence recovery
in these experiments are again determined by kOFF. The
assumption that S is constant during FRAP recovery may be
invalid if the adhesion complex is assembling or disassembling
in motile cells; this situation has been modeled elsewhere (38).
Bound GFP-zyxin and GFP-vinculin have lifetimes much
shorter than that of histone H1.1. While zyxin recovered with
kOFF ) 0.1 ( 0.01/s, vinculin exchanged with two time scales,
corresponding to two subpopulations of bound molecules (kOFF,1
) 0.06 ( 0.01/s and kOFF,2 ) 0.97 ( 0.01/s). Decreasing the
force exerted on adhesions by myosin inhibition resulted in an
increase in the exchange rate (Figure 3C) corresponding to an
increase in kOFF of zyxin (37), suggesting that force relaxation
causes changes in the intra-adhesion binding interactions of
zyxin. Surprisingly, similar experiments with vinculin revealed
that the values of kOFF corresponding to both of its two
dynamically distinct subpopulations remained unchanged on
force relaxation (37). Thus, the molecular binding kinetics of
some but not all focal adhesion proteins are selectively sensitive
to changes in cytoskeletal tension. Interestingly, the mechanically induced changes in dissociation rate constants measured
for zyxin were sufficient to explain the overall unsteady
disappearance of zyxin from adhesion sites in response to tension
relaxation (37).
These findings are intriguing because there is evidence that
zyxin acts as a mechanosensor owing to its redistribution from
focal adhesions to stress fibers on application of mechanical
force (65) and that vinculin binding to the cytoskeleton does
not change on application of mechanical strain (64). A variety
of other proteins including paxillin, RPTPR, focal adhesion
kinase, Shp-2, and p130CAS have been shown to be involved
in mechanosensation (64, 66-69). The approach discussed in
this paper may be potentially useful to better understand how
these mechano-sensitive proteins orchestrate the mechanical and
dynamic control of adhesion assembly.

Conclusion
FRAP is a promising technique that can be used to measure
the rate constants of intermolecular interactions inside living
cells. The method offers distinct advantages over in vitro
biochemical methods of analysis that remove a protein from its
native environment, destroying labile supramolecular complexes
that it resides in. The in situ nature of the measurement means
that FRAP analysis could dramatically improve our knowledge
of protein function inside living cells. The experimental design
and analysis of FRAP experiments requires knowledge of
transport phenomena and reaction kinetics, which are traditional
domains of chemical engineers. We anticipate that future
refinements of such methods will allow the measurement of in
situ pairwise binding interactions, the correlation of protein
conformation changes with alterations in binding kinetics, and
the enzymatic modulation of protein-protein interactions. Such
quantitative measurements also represent an essential link
between systems biology and the world of biological experimentation.
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